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Biophysical characterization of organelle-based
RNA/protein liquid phases using microfluidics†

Nicole Taylor,a Shana Elbaum-Garfinkle,a Nilesh Vaidya,a Huaiying Zhang,‡a

Howard A. Stoneb and Clifford P. Brangwynne*a

Living cells contain numerous membrane-less RNA/protein (RNP) bodies that assemble by intracellular liquid–

liquid phase separation. The properties of these condensed phase droplets are increasingly recognized as

important in their physiological function within living cells, and also through the link to protein aggregation

pathologies. However, techniques such as droplet coalescence analysis or standard microrheology do not

always enable robust property measurements of model RNA/protein droplets in vitro. Here, we introduce a

microfluidic platform that drives protein droplets into a single large phase, which facilitates viscosity measure-

ments using passive microrheology and/or active two-phase flow analysis. We use this technique to study

various phase separating proteins from structures including P granules, nucleoli, and Whi3 droplets. In each

case, droplets exhibit simple liquid behavior, with shear rate-independent viscosities, over observed

timescales. Interestingly, we find that a reported order of magnitude difference between the timescale of

Whi3 and LAF-1 droplet coalescence is driven by large differences in surface tension rather than viscosity,

with implications for droplet assembly and function. The ability to simultaneously perform active and

passive microrheological measurements enables studying the impact of ATP-dependent biological activity

on RNP droplets, which is a key area for future research.

Introduction

The interior of living cells is highly structured into numerous
different types of organelles, which help to organize thousands of
simultaneous biomolecular reactions. Canonical organelles are
membrane-bound vesicle-like structures, which compartmentalize
the cytoplasm using selectively permeable membranes. However,
many or even most organelles are membrane-less assemblies,
which despite having no lipid bilayer still form compositionally
well-defined compartments.1 These membrane-less organelles
often contain both RNA and protein, and are referred to as RNA
granules or ribonucleoprotein (RNP) bodies. Examples include P
granules, nucleoli, and Whi3 assemblies (Fig. 1a). Such RNP
bodies are typically highly dynamic, freely exchanging components
with the surrounding cytoplasm or nucleoplasm. This exchange is
likely important to their function as dynamic microreactors,
concentrating protein and RNA components and thereby
increasing local reaction rates.2,3 Conversely, some RNP bodies,
such as stress granules, appear to play more of a sequestering
role, whereby molecular interactions are slowed or even Fig. 1 Bottom-up reconstitution approach to study membrane-less organelles.

(a) P granules (yellow) within the C. elegans embryo, (adapted from Elbaum-
Garfinkle et al.6). Nucleoli (green) within the C. elegans hermaphrodite
gonad with cell membranes in red, (adapted from Weber et al.7). Whi3
assemblies (white circle) in the hypha of the multinucleate fungus Ashbya
gossypii, (adapted from Lee et al.8). (b) In vitro droplets of fluorescently labeled
LAF-1 (125 mM NaCl, B3.5 mM LAF-1), GAR-1DN (150 mM NaCl, B10 mM
GAR-1DN), and Whi3 proteins (150 mM KCl, 9 mM Whi3, 50 nM BNI1).
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completely inhibited by sequestration into the body.4 Further-
more, RNP bodies are also increasingly recognized as being
linked to various protein aggregation pathologies.5

Despite their biological importance, a mechanistic biophysical
framework underlying RNP assembly has only recently begun to
emerge. Key insights into RNP body assembly have come from
the study of the C. elegans embryo, where germline P granules are
implicated in specification of progenitor germ cells. P granules
were found to localize to germ cells by first dissolving throughout
the entire one-cell embryo and only condensing in the posterior,
a process dependent on gradients in polarity proteins.9,10 These
condensed P granules are seen to drip, fuse, and relax to
spherical shapes after fusion or shearing, which are behaviors
characteristic of viscous liquids.9,11 These findings suggested that
P granule localization occurs through a spatially-varying liquid–
liquid phase separation. Nucleoli also exhibit liquid-like behaviors
including fusion, dripping, and power law size scaling charac-
teristic of coarsening emulsions.12 Additionally, nucleoli exhibit
concentration-dependent assembly and growth dynamics char-
acteristic of a phase transition.7,13 Phase transitions increasingly
appear to be a ubiquitous mechanism for assembling various
other types of RNP bodies, including nuage bodies,14 stress
granules,15 multivalent signaling proteins,16 and paraspeckles.17

Many proteins that are enriched in RNP bodies are at least
partially unstructured, exhibiting dynamic conformational
heterogeneity.18 These so-called intrinsically disordered proteins
(IDPs) or low complexity sequence (LCS) proteins are strongly
implicated in promoting RNP body assembly.14,19 For example,
the intrinsically disordered region (IDR) of the RNA helicase
Ddx4, a key nuage body protein,20 forms droplets in nuclei of
HeLa cells when expressed at high concentrations.14 Moreover, a
closely related P granule RNA helicase, LAF-1, in vitro forms
liquid droplets at physiological concentrations, and together
with other disordered proteins21 appears to play a key role in P
granule assembly.6 Similarly, FIB1, a methyltransferase protein
responsible for modification of ribosomal RNA in nucleoli, also
exhibits concentration-dependent phase separation in vitro.13,22

More recently, the IDRs of FUS and RBM14 appear to be essential
for paraspeckle targeting and formation.17

IDPs are not only found in physiological liquid-like assemblies,
but are also closely associated with irreversible pathological
aggregates.5,23–26 For example, the purified protein FUS forms
solid gels containing amyloid-like fibers,27,28 contrasting with the
dynamic liquid-like behavior observed in RNP bodies. Moreover,
recent evidence with in vitro FUS droplets suggests that IDP phases
are often metastable, beginning as liquids but showing signatures
of gelation over time.28–30 Similar behavior is observed in other
IDPs, including other ALS related proteins such as hnRNPA1,30,31

the Q-rich fungal protein Whi3,32 and the nucleolar protein FIB1.22

Since these more solid-like gel phases are expected to slow
component diffusion, and thus also reaction rates, these studies
raise important questions about the time-dependent progression
of biophysical properties and function of RNP bodies.6,33,34

Despite these essential questions about the biophysical
nature of RNP bodies, few measurements exist of their visco-
elastic properties. Within living cells, the large number of

components complicates experimental interpretation, and
many recent studies make use of ‘‘bottom up’’ approaches to
reconstitute liquid-phase RNP bodies in vitro, using purified
proteins and RNA.6,29–31,35 Droplet properties may be estimated
from the timescale of droplet coalescence,9,12,36 but this only
gives the ratio of two liquid properties: viscosity and surface
tension. Furthermore, this estimate is only accurate if the droplets
are simple viscous liquids, precluding the study of viscoelastic
fluids. Microrheology is one possible technique that has been
employed to directly measure droplet viscoelasticity.6,28,32 How-
ever, microrheology requires the uptake of probe particles within
the condensed phase, which is not always feasible. Moreover, in
cases where droplets are small this technique proves increasingly
challenging, due to boundary effects or poor particle statistics.
Larger droplets are not always achieved at reasonable timescales
(i.e., for viscous or low surface tension droplets) when droplet
growth is driven by Ostwald ripening or diffusion and coalescence.
Even where particles can be incorporated into sufficiently large
droplets, unambiguous extraction of droplet properties is only
possible for systems in equilibrium, preventing the introduction
of ATP-dependent biological activity into in vitro reconstitution
studies. Thus, there are few techniques broadly applicable for
probing the viscoelasticity of reconstituted liquid-like RNP
bodies, which slows progress towards understanding the assembly,
properties, and function of this class of organelles.

Here, we overcome these challenges by developing a micro-
fluidic platform that can be used with a variety of different
RNA/protein droplet systems. We demonstrate the ability of this
system to coalesce droplets for on-chip passive microrheology
studies, and also for active rheological measurements using shear
stresses applied to a stream of the flowing condensed phase.

Materials and methods
Protein purification and in vitro transcription

Full-length LAF-1, Whi3, and GAR-1DN fragments were tagged
with 6�-His and expressed in E. coli using standard procedures.
Whi3 purification and BNI1 mRNA transcription were performed
following Zhang et al.32 Briefly, Whi3 was purified on Ni-NTA
(Qiagen) resin and stored in Whi3 elution buffer at �80 1C. BNI1
DNA template was obtained using a T7 promoter cloned to the 50

end of BNI1. DNA template was extracted and transcribed using
standard procedures. GAR-1DN was purified on Ni-NTA agarose
resin (Qiagen) and stored in Ni-elution buffer at �80 1C. LAF-1
purification was performed following Elbaum-Garfinkle et al.6

LAF-1 was purified on Ni-NTA agarose resin (Qiagen) followed by
a HiTrap Heparin column (GE) and stored in Heparin elution
buffer. For LAF-1 and GAR-1DN, glycerol was added to 10% (vol/vol)
before flash freezing in liquid nitrogen and storing at �80 1C. See
Supplementary Methods for more details (ESI†).

Device design and microfabrication

The microfluidic devices were designed using AutoCAD and
fabricated using standard photolithography and soft lithography
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techniques. Devices had a standard T-junction geometry (Fig. S1a,
ESI†) or box geometry (Fig. S1b, ESI†) and were 10 mm high.

Device operation

To achieve on-chip coalescence of GAR-1DN, LAF-1, and Whi3,
microfluidic devices were prepared with specific surface treat-
ment protocols, (see Supplementary Methods for more details,
ESI†). For microrheology-only experiments (Fig. S1b, ESI†),
a mixed solution of protein droplets and red fluorescent
PEG-passivated or –COOH microspheres (Invitrogen) of 0.5 mm
diameter were inserted into the top channel at 50 mL h�1 and
flow was stopped for image analysis. For T-junction devices
(Fig. S1a, ESI†), homogeneous protein solution at the liquid–
liquid phase boundary and PEG-passivated microspheres were
inserted into the main channel and flow was from left to right at
10 mL h�1. Protein droplets and PEG-passivated or –COOH
microspheres were supplied via the orthogonal inlet channel
and flow was from bottom to top at 50 mL h�1. After B30 min–1 h,
lower flow rates obtained by hydrostatic pressure for both syringes
are used for image analysis. In this approach, syringes were
removed from the syringe pump and fixed above the device
(B2–3 feet).

Image analysis for microrheology

Microrheology analysis was performed as previously described.6,32,37

Red fluorescent microspheres were encapsulated in protein phases
as described above. Briefly, measurements were taken at 150 ms
time intervals for 150 s and beads were analyzed away from
interfaces to minimize boundary effects. Mean-squared displace-
ment (MSD) data were fit to the form MSD = 4Dta + NF, where a is the
diffusive exponent, D is diffusion coefficient, and NF is a constant
representing the noise floor. Here, NF was determined experimen-
tally for beads stuck to a coverslip; we find NF E 2� 10�5 mm2 s�1.

Flow analysis

Velocity profiles are determined in both the protein-lean and
protein-rich phases, discussed below. Analysis of time-lapse
images of spherical probe particles is used to calculate velocity
profiles. In the protein-lean phase, probe particles form streaks
due to high fluid velocities and long enough exposure times.
Velocity profiles are calculated at a given height in the device by
dividing the streak length by the exposure time. In the protein-rich
phase probe particles flow slower. Thus, velocities are calculated
using the same particle-tracking algorithm used for microrheology.
See Supplementary Methods for more details (ESI†).

Results

To study RNP bodies using a bottom-up reconstitution
approach, a number of key protein components were purified.
LAF-1, GAR-1, and Whi3 are three proteins known to be
important in P granules,6 nucleoli,38 and Whi3 assemblies,8,32

respectively; we use the variant GAR-1DN due to technical
challenges encountered with full length GAR-1. After purifica-
tion, all three proteins phase separate in vitro to form spherical

droplets (Fig. 1b), reminiscent of those seen in vivo (Fig. 1a). In
each of these cases, this phase separation is protein and salt
concentration-dependent; interestingly, a lower salt concen-
tration and higher protein concentration favors phase separa-
tion. In the case of Whi3, specific mRNA binding partners
(i.e., cyclin transcripts, CLN3, and formin transcripts, BNI1)
shifts the droplet phase boundary down, approaching physio-
logical protein concentrations at physiological salt concen-
tration. Such protein droplets appear to be liquid-like, exhibiting
round morphologies after coalescence.6,32 Measuring the relaxa-
tion time of coalescing droplets enables an estimation of the
inverse capillary velocity, m1/g, where m1 is droplet viscosity and g
is the interfacial tension. The reported inverse capillary velocities
of Whi3 and LAF-1 droplets exhibit over an order of magnitude
difference.6,32 However, one cannot infer from coalescence mea-
surements alone whether this difference is dominated by viscosity
or surface tension, which are material properties with potentially
unique implications for droplet assembly and function.22

On-chip passive microrheology

Measuring the viscosity within protein droplets poses unique
challenges. Recent microrheology6,32 techniques used to probe
droplet material properties require large droplets relative to
bead size, in order to avoid boundary effects. Moreover, small
droplets can also be particularly problematic if beads do not
readily enter the condensed phase. Additionally, experimental
statistics are inherently limited by the incorporated bead
density. We find that phase separation of Whi3 and GAR-1DN
typically leads to a smaller equilibrium droplet volume fraction
than for LAF-1, resulting in smaller droplets. Fig. S2 (ESI†)
shows GAR-1DN after 1 h phase separation, demonstrating
relatively small droplets in which beads are not well-incorporated.
To overcome these limitations, we developed a microfluidic
approach to coalesce many small droplets into a large continuous
condensed protein phase, enabling facile tracking of many particles
in a single experiment.

Coalescence is achieved by flowing protein droplets into a
microfluidic device where the inlet is filled with polydimethyl-
siloxane (PDMS) pillars (Fig. 2a). A whole device schematic is
depicted in Fig. S1a (ESI†). Many protein droplets (green) flow
from the circular inlet hole to the rectangular channel, adhere
to the bottom glass, top PDMS surface, or PDMS pillars, and
coalesce to form a large condensed protein stream (Fig. 2a).
Due to favorable droplet–PDMS interactions, inclusion of
PDMS pillars traps protein droplets. Favorable droplet–droplet
interactions and flow drives coalescence as passing droplets
are forced to come into contact with the adhered droplets;39

microfluidic devices lacking PDMS pillars did not produce a
large droplet phase for Whi3 and GAR-1DN. The time sequence
in Fig. 2a shows protein droplets sticking to PDMS posts, outlined
in yellow, and coalescing with each other to form condensed
protein streams within 2 minutes. The generated protein stream
is then collected within 10 minutes into the boxed region of the
device (Fig. 2b) for subsequent measurements within 2 hours after
phase separation.
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Coalescence of sub-micron sized droplets into a single large
(B100 mm wide) condensed protein phase generates an ideal
experimental platform for microrheology measurements. Particle
tracking microrheology relates the motion of tracer beads to the
viscoelasticity of the soft material in which they are diffusing.
After a substantial protein phase is formed (B20 min), the flow is
stopped, and the tracer bead motion is tracked over time and
corrected for any remaining drift in the device. The corres-
ponding MSD and viscosity is determined using previously
published techniques.6,32 The MSD versus lag time for LAF-1 at
high salt (250 mM NaCl), Whi3 at physiological salt (150 mM KCl)
in the presence of 53 nM BNI1 mRNA, LAF-1 at low salt
(125 mM NaCl), GAR-1DN at low salt (150 mM NaCl), and the
noise floor is shown in Fig. 2c. For LAF-1, decreasing salt
concentration causes the bead MSD to shift down, indicating
slower bead motion.6 At low salt, GAR-1DN reaches even lower
MSD values. The MSD data were fit to the form MSD = 4Dta + NF.
Using the measured noise floor, NF B 2 � 10�5 mm2, a = 0.99
for LAF-1 low salt, 0.97 for LAF-1 high salt, 1.05 for Whi3 with
BNI1 mRNA, and 1.04 for GAR-1DN low salt; given measure-
ment error, these values are all consistent with a pure viscous
liquid (a = 1) on these timescales. The diffusion coefficient
obtained from the fit, D, and the bead size, R, are then used to
determine the droplet viscosity, m1, from the Stokes–Einstein
relation: m1 = kBT/6pDR, where kBT is the thermal energy scale.

Viscosity values are 51 � 8 Pa s for LAF-1 low salt, 13 � 2 Pa s
for LAF-1 high salt, 198 � 55 Pa s for GAR-1DN low salt, and
34 � 10 Pa s for Whi3 with BNI1 mRNA. For LAF-1 and Whi3,
measured values are similar to those previously reported;6,32 to
our knowledge, these are the first published data on GAR-1DN
viscosity.

Measuring viscosity using ‘flow’

The experimental protein systems described above are all in
apparent equilibrium, where passive thermal microrheology is
applicable. However, the properties and fluctuation dynamics

of non-equilibrium systems are of particular interest, and non-
equilibrium features, such as ATP-dependent activity, are
known to impact the properties and dynamics of intracellular
RNP bodies.12,22,40 Moreover, even in equilibrium systems, it
can be challenging to accurately determine the MSD for passive
microrheology.

To overcome these challenges, we tested whether the driven
flow within our microfluidic platform could be used to probe
the properties of the condensed phase, similar to approaches
recently described for other types of multiphase fluids.41–46

Protein solution at the liquid–liquid phase boundary (i.e., point
X in Fig. 3a, inset) was inserted into the main channel, and
phase-separated protein solution (i.e., point O in Fig. 3a, inset)
was supplied via the orthogonal inlet channel. As described
above and shown in Fig. 2a, protein droplets coalesce to form
a single stream within 2 minutes. Adjusting the flow rates
supplied to the main and orthogonal channels controls the
transverse position and velocity of the resultant protein stream
(Fig. 3b). This protein stream fills the entire height of the device
and a portion of the width of the device, with the homogeneous
protein solution filling the remainder of the device (Fig. 3c).

Inclusion of microbeads in protein solutions in both chan-
nels (see Methods) enables the velocity profiles of both protein
phases to be determined (Fig. 3a). Flow rates are controlled
using hydrostatic pressure (see Methods) after B30 minutes
to 1 h to obtain lower velocities in the homogeneous protein
solution or protein-lean phase. Velocity profiles in the protein-lean
and protein-rich (condensed protein) phase are determined far
enough from the T-junction (red dashed box in Fig. 4a) so that
the protein-rich/protein-lean interface is flat (Fig. 4b, y = 0). Analysis
of time-lapse images of PEG-passivated probe particles is used to
calculate velocity profiles (see Methods). In the protein-lean phase,
probe particles appear as streaks due to high fluid velocities relative
to the exposure time (top of Fig. 4b – w2 o y o 0). Probe particles in
the protein-rich phase appear spherical due to slower fluid velocities
resulting from the higher viscosity (bottom of Fig. 4b, w1 4 y 4 0).

Fig. 2 Microfluidic-assisted coalescence of protein droplets (e.g., LAF-1) into a single protein stream used for microrheology. (a) Protein droplets (green)
stick to PDMS posts and coalesce into a protein-rich stream. Right panel shows time-lapse of coalescence; scale bar = 20 mm. (b) Brightfield and
fluorescent images of a large protein-rich phase in the box microfluidic device. (Inset) Zoomed in fluorescent image of red tracer beads embedded in the
protein-rich phase. (c) MSD versus lag time for LAF-1 at high salt (250 mM NaCl, dark blue dashed line), Whi3 at physiological salt in the presence of 53 nM
BNI1 mRNA (150 mM KCl, pink dash-dotted line), LAF-1 at low salt (125 mM NaCl, cyan solid line), GAR-1DN at low salt (150 mM NaCl, blue dotted line),
and the noise floor (black dashed line). Black solid line has a slope of 1; the noise floor is B2 � 10�5 mm2.
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The position of the fluid–fluid interface and the velocity
profiles in each fluid are controlled by the ratio of the viscosities
between the protein-lean and protein-rich phases and pressure
drop in the channel. The viscosity of the protein-lean phase was
determined using microrheology and is close to that of water.
Thus, modeling the velocity profiles given an interface position
determines both the pressure drop and the protein-rich phase
viscosity or protein droplet viscosity. Solving the Navier–Stokes
equations in both the protein-rich and protein-lean phases and
equating the velocity and shear stresses at the interface determine
both velocity profiles (Supplementary Methods, ESI†).

We present a side view schematic (Fig. 5a), shown with over-
laid model parameters for flow in the x direction, of protein-rich
and protein-lean phases within the microfluidic devices with
viscosities m1 and m2, respectively. At the solid surfaces (PDMS
walls at y = �w2, y = w1, and z = H and glass surface at z = �H),

the velocities of the protein-rich and protein-lean phases are
zero. At the fluid–fluid interface at y = 0, the velocities and shear
stresses in each phase are equated. The resulting velocity profiles
in the protein-rich (i.e., vx,1( y,z)) and protein-lean (i.e., vx,2( y,z))
phase are

vx;1ðy; zÞ ¼
X1
n¼0

2bð�1Þn
m1ln3H

cos lnzð Þ C1 cosh lnyð Þ þ C2 sinh lnyð Þ½ �

þ b
2m1

z2 �H2
� �

(1)

vx;2ðy; zÞ ¼
X1
n¼0

2bð�1Þn
m2ln3H

cos lnzð Þ

� m2
m1

C1 � 1ð Þ þ 1

� �
cosh lnyð Þ þ C2 sinh lnyð Þ

� �

þ b
2m2

z2 �H2
� �

(2)

where b is the pressure gradient, ln ¼
ð2nþ 1Þp

2H
are eigenvalues,

and C1 and C2 are constants (defined in Supplementary
Methods, ESI†). In the limit m1 c m2, as is the case here, the
velocity at the fluid–fluid interface is almost zero and the
maximum value of vx,2( y,z) at a given z plane is strongly
controlled by b. Accordingly, b is found by fixing m1/m2 at 1000
or greater and fitting the velocity profile in the protein-lean
phase, vx,2( y,z), to b. With this value of b, the ratio m1/m2 is used
to fit the velocity profile in the protein-rich phase, vx,1( y,z). In
Fig. 4c and d the velocity profiles are well described by this 2d
analytical model.

Eqn (1) and (2) assume the protein-rich phase has constant
viscosity, independent of shear stress or shear rate. To test this
hypothesis we varied the shear rate by using higher flow rates
and measured the viscosity. Fig. 5 depicts the velocity profiles
for two shear rates applied to LAF-1 low salt condensed phase
in the protein-lean (Fig. 5b) and protein-rich (Fig. 5c) phases
with blue diamonds and black asterisks corresponding to low
and high shear rates, respectively. Due to the higher flow rates
at high shear, the maximum velocity in both the protein-rich
and protein-lean phases is greater. Fitting the velocity profiles
to values of b and m1/m2 results in protein-rich phase viscosities
of 63 Pa s and 65 Pa s for high and low shear, respectively. Thus,
the protein-rich phase viscosity is approximately independent
of shear rates in the range of flow rates used here.

Using eqn (1) and (2), condensed protein phase viscosities
are measured and compared to microrheology measurements
of LAF-1, Whi3, and GAR-1DN protein droplets no later than
2 hours after phase separation. Fig. 5d shows the comparison
between viscosities of LAF-1, Whi3, and GAR-1DN droplets
determined using microrheology and this two-phase flow
approach. Protein-rich phase viscosities measured using flow
analysis are in reasonable agreement with those using particle-
tracking microrheology. Importantly, this flow method also

Fig. 3 Setup of protein stream for flow analysis. (a) Protein solution at the
phase boundary (e.g., X in inset) and peg-passivated probe particles flow
along the main channel from left to right, and protein droplets (e.g., O in
inset) and peg-passivated or –COOH probe particles are supplied via the
orthogonal inlet channel; arrows indicate the direction of flow. Area indicated
by red dashed boxes is shown in panels b and c. (b) The position and velocity
of the protein stream is manipulated using the main and orthogonal channels.
(c) The protein-rich stream fills the entire height of the microfluidic device
with the protein-lean phase filling the remaining width of the channel. Yellow
dashed and solid lines outline the channel walls.
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accurately captures the trend of decreasing LAF-1 droplet
viscosity with increasing salt concentration6 and the relative
differences in droplet viscosity between different proteins. The
decrease in droplet viscosity with increasing salt concentration
reflects reduced intermolecular interaction strength6 and is
consistent with salt disrupting the protein phase separation.
The much higher viscosity of GAR-1DN indicates stronger inter-
molecular interactions between GAR-1DN molecules than
between LAF-1 or Whi3 molecules.

Discussion and conclusion

In recent years, increasing numbers of intracellular RNP bodies
have been shown to exhibit liquid-like properties.1,3,47 But we
are only beginning to determine the physical mechanisms that
give rise to these collective assemblies, and the molecular
features that dictate mesoscopic properties and their impact
on function. For example, surface tension was recently shown
to be a key parameter controlling the architecture of the
nucleolus.22 Moreover, surface tension is known to influence
the assembly and coarsening kinetics of condensed phases,
which thus dictates the droplet size distribution. While larger
RNP bodies may be expected to process more molecules, they
may be inefficient microreactors due to decreased transport
efficiency in larger volumes. Molecular encounter rates will

clearly also be strongly impacted by droplet viscosity, providing
another potentially tunable parameter for controlling droplet
functionality.

Establishing how RNP body properties could be regulated
requires first measuring these properties, however there are
still few studies that undertake systematic analysis of droplet
properties. While previous work analyzing droplet coalescence
has determined that the inverse capillary velocity of Whi3
(9 s mm�1) and LAF-1 (0.12 s mm�1) vary by almost two orders
of magnitude, measurements using our microfluidic platform
show their viscosities only differ by roughly two-fold (34 Pa s
versus 82 Pa s for flow analysis, respectively). Together with the
reported inverse capillary velocities, this yields droplet surface
tensions of 4 and 680 mN m�1 for Whi3 and LAF-1, respectively,
indicating that a significant difference in surface tension drives
the variance in droplet coalescence timescales. Future studies
of surface tension and droplet viscoelasticity as a function of
shear rate, and the age of the condensed phase, will be required
to elucidate whether such in vitro droplets remain as Newtonian
fluids, and whether they can transition into potentially patho-
logical solid states.

A clear advantage of using our platform for microfluidic-
facilitated coalescence is that it enables viscosity measurements
of small droplets, which previously could not be performed with
some proteins, including GAR-1DN and Whi3 with low con-
centrations of mRNA. Furthermore, this microfluidic approach

Fig. 4 Red peg-passivated probe particles are used to quantify velocity profiles in the protein-rich (green) and protein-lean (black) phase. (a) Velocity
profiles are quantified far from the T-junction (i.e., red dashed box) where the protein-rich/protein-lean interface is mostly flat. (b) To quantify velocity
profiles in the protein-lean phase, the length of probe particle streaks and corresponding exposure times are used. Velocity profiles in the protein-rich
phase are determined by microparticle tracking velocimetry. The red-dashed line denotes the protein-rich/protein-lean interface and particle streaks and
single particles are seen in the protein-lean and protein-rich phases, respectively. (c) Measured velocity profiles in the protein-lean (filled black circles)
and protein-rich (filled blue circles) phase. (d) Zoomed in view of protein-rich (filled blue circles) phase. Lines are drawn using eqn (1) and (2) with
b = �0.15 Pa m�1 and m1 = 26.8 Pa s.
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requires minimal volumes of protein solution. This step is
important since IDPs can be challenging to express and purify
in large quantities, as they often form inclusion bodies.48 As
little as 10 mL of phase-separated protein solution enabled viscosity
measurements both by microrheology and flow analysis; previous
microrheology methods6,32 required roughly six-fold more material,
60–80 mL of phase-separated protein solution.

Using flow analysis to measure droplet viscosity offers
several advantages over passive microrheology. Because this
method actively shears the condensed droplet phase and uses
the resulting velocity profiles to measure viscosity, this enables
the analysis of non-equilibrium systems. Such an active micro-
rheological approach could also be essential for high viscosity
phases. Closer inspection of Fig. 2c also reveals that protein
droplets more viscous than GAR-1DN (198 � 55 Pa s) would
challenge analysis, since the MSD becomes very close to the
noise floor (black dashed line); measurements on longer time-
scales would lead to MSD further from the noise floor, but
introduce complications arising from microscope stage drift.49

Reliable velocity profiles at shorter timescales in the protein-rich
phase, and thus accurate viscosities by flow analysis, can be
obtained by using higher flow rates in the protein-lean phase.

Despite the power of purified RNA/protein droplet systems,
it is important to recognize that in vivo many other proteins
reside within RNP bodies, and various forms of biological
activity may drive the droplets out of equilibrium.50–54 To build
complexity into in vitro systems requires determining how

much and how fast separate components affect material properties
such as viscosity. The second inlet of this design offers a simple
method to introduce an additional component and measure the
effect that it has on the protein-rich phase viscosity. More complexity
could be built in by designing additional channels and valves. Our
device will also be useful in future studies due to its enabling of
simultaneous active and passive rheological measurements.
Combining these two approaches has proven useful in eluci-
dating interesting physics in various non-equilibrium materi-
als, particularly the cytoskeleton.55,56 We anticipate that
approaches such as those described here will be useful in under-
standing the intersection of equilibrium assembly/properties with
nonequilibrium tuning, which is likely key to pathological
dysregulation of condensed intracellular phases.36,40,57–59
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Fig. 5 (a) Model symbols and geometry. Measured velocity profiles in the (b) protein-lean phase and (c) protein-rich phase at high (black asterisks) and
low (blue diamonds) shear rates. Cyan and magenta lines are drawn using eqn (1) and (2) with b =�0.12 Pa m�1 and m1 = 65 Pa s and b =�0.06 Pa m�1 and
m1 = 63 Pa s, respectively. (Inset) Protein-rich phase velocity profiles collapse onto one line after normalizing by the pressure drop, b, revealing a shear
rate-independent viscosity. (d) Protein-rich phase viscosity, m1, for each protein investigated measured using microrheology (yellow bars) and two-phase
flow analysis (blue bars). Typical error bars are shown and represent standard deviation of at least three replicates.
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